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A
nalytical methods for separation,
identification, and detection of a par-
ticular molecule from samples with

many impurities are of utmost importance in
clinical applications andbiological industries.
Over the past twenty years, capillary and
microchip electrophoresis methods have
been developed as an alternative platform
for the conventional agarose or polyacryla-
mide gel electrophoresis.1,2 Capillary and
microchip electrophoresis methods mitigate
some of the disadvantages of conventional
gel electrophoresis, such as its poor resolu-
tion and having procedures that are time-
intensive and involve manual operations.3,4

However, in the former electrophoresis
methods sieving matrices are still required
to achieve size-based separation. The sieving
matrices used in capillary or microchip elec-
trophoresis usually consist of randomly net-
worked polymers, and therefore they have
an inherent high viscosity. To fill a capillary or
microchannel with high-viscosity solution,
pressure-driven flow must be used and
much time is needed. The process of intro-
ducing the sievingmatrices into the capillary
or microchannel is an intrinsic problem for
the integration of total bioanalysis systems.
Since the first report in 1992 on utilizing

artificial structures as a matrix for electro-
phoretic separation of biomolecules by Aus-
tin et al.,5 there has been a trend toward
switching from randomly ordered poly-
meric matrices, which involve time-inten-
sive and manual operations,1�4 to highly
ordered sieving structures. Many unique
artificial structures, such as micro- and
nanopillars,5�8 nanofilter arrays,9�12 nano-
channels,13�15 and nanoparticles,16�20 have
been applied for separation of biomolecules.
In general, these structures are fabricated
inside micro- and nanochannels, and one

of the critical issues for electrophoresis of
biomolecules in these channels is electroos-
motic flow (EOF). EOF has a great influence
on the resolution of biomolecular separation,
the concentrationefficiencyofbiomolecules,
and the sodium dodecyl sulfate (SDS) elec-
trophoresis of proteins in microchannels
with nanostructures. In the normal electro-
phoresis mode, EOF generates a counter-
flow opposite the electrophoresis migra-
tion that can degrade the resolution of
separation.4 Despite efforts that have been
focused on the development and applica-
tion of nanostructures inside amicrochannel
for electrophoretic separation,5�18 EOF in
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ABSTRACT Here we report that nanopillar array structures have an intrinsic ability to suppress

electroosmotic flow (EOF). Currently using glass chips for electrophoresis requires laborious surface

coating to control EOF, which works as a counterflow to the electrophoresis mobility of negatively

charged samples such as DNA and sodium dodecyl sulfate (SDS) denatured proteins. Due to the

intrinsic ability of the nanopillar array to suppress the EOF, we carried out electrophoresis of

SDS�protein complexes in nanopillar chips without adding any reagent to suppress protein

adsorption and the EOF. We also show that the EOF profile inside a nanopillar region was deformed

to an inverse parabolic flow. We used a combination of EOF measurements and fluorescence

observations to compare EOF in microchannel, nanochannel, and nanopillar array chips. Our results

of EOF measurements in micro- and nanochannel chips were in complete agreement with the

conventional equation of the EOF mobility (μEOF-channel = RCi�0.5, where Ci is the bulk concentration

of the i-ions and R differs in micro- and nanochannels), whereas EOF in the nanopillar chips did not

follow this equation. Therefore we developed a new modified form of the conventional EOF

equation, μEOF-nanopillar≈ β[Ci � (Ci
2/Ni)], where Ni is the number of sites available to i-ions and β

differs for each nanopillar chip because of different spacings or patterns, etc. The modified equation

of the EOF mobility that we proposed here was in good agreement with our experimental results. In

this equation, we showed that the charge density of the nanopillar region, that is, the total number

of nanopillars inside the microchannel, affected the suppression of EOF, and the arrangement of

nanopillars into a tilted or square array had no effect on it.

KEYWORDS: nanostructures . electrophoresis . electroosmotic flow .
nanotechnology . nanopillar array
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channels with nanostructures has been little studied.
EOF occurs upon applying an external electric field

parallel to the solid surface of micro- or nanochannels
that include an electrolyte solution. EOF also occurs
where an interfacial charge forms in the fluid near the
surface. EOF is known to be a surface-driven flow, and
therefore it should not depend on the size or shape of
the channels, but rather on the charge distribution
around several tens of nanometers from the surface of
the channels. In quartz (fused silica) chips this inter-
facial charge may arise because of silanol group
deprotonation at a silica�water interface. This pheno-
menon results in a net negative charge to the silica
surface, and positive counterions are attracted to the
surface to satisfy the condition of electrical neutrality.
Subsequently an electric double layer (EDL) is formed
near the interface. EDLs provide several benefits such
as the following: when an external electric field is
applied, the mobile charges in the double layer are
moved toward the cathode, and through viscous
coupling with the uncharged fluid, most of the solu-
tion is dragged in a uniform plug-like flow;21 when an
electric field is applied to nanochannels under the
condition that the EDLs are overlapping inside the
nanochannels, both positively and negatively charged
ions are enriched at the cathode end and depleted
from the anode end;22 under low salt conditions, ion
transport inside the nanochannel is controlled by trans-
port of counterions accumulated onto the charged
channel walls;23 and concentration polarization near
the nanochannel is initiated with perm-selective

nanochannels.24 Understanding EDLs is also of signifi-
cant importance in electrochemistry, because they also
affect the behavior of ions at several tens of nanome-
ters from the electrodes.21�24 However, it is extremely
difficult to measure ion movement in EDLs directly. In
the present study, we measured EOF in microchannels
with nanostructures as a comprehensive approach to
understand EDLs, because the EOF is generated by
EDLs when electric fields are applied. We fabricated
nanopillar array structures on quartz chips (Figure 1)
with various spacings between the nanopillars in tilted
and square array patterns. Using these nanopillar
chips, we made a quantitative evaluation of EOF
around nanopillars, which led us to propose a new
modified equation that can explain the correlation of
EOF in nanopillar chips and the charge density of the
nanopillar region or the total number of nanopillars
inside the microchannel. Finally, we apply our nano-
pillar chips for SDS electrophoresis of proteins.

RESULTS AND DISCUSSION

EOF Measurement. First, our intention was to define
the effects of nanopillars and their patterns on EOF
in microchannels. Figure 1b shows an SEM image of
closely packed nanopillars inside a 25 μm wide
microchannel. These nanopillars of 500 nm pillar

Figure 1. (a) Photo of a nanopillar chip; scale bar, 5 mm.
(b) SEM image of the nanopillar array channel; scale bar,
10 μm. This channel is 25 μm wide and 4 μm deep. (c) SEM
image obtained at the entrance of the nanopillar region for
the square array pattern; scale bar, 1 μm. (d) SEM image
obtained at the entrance of the nanopillar region for the
tilted array pattern; scale bar, 1 μm. The inserted drawings
are a top view of the nanopillars arranged in the (c) square
and (d) tilted array patterns. The nanopillars are periodically
arranged with various values of the spacing, G, ranging
from 100 to 1000 nm. The nanopillar diameter,D, is 500 nm.
In the square array pattern, the adjacent nanopillars are
positioned parallel to the flow stream, and in the tilted
pattern the close-set positioned nanopillars are inclined 45�
to the flow stream.

Figure 2. Comparison of EOF in different chips. (a) Loga-
rithmic plot of EOFmobility in themicrochannel (red, 25 μm
wide and 4 μmdeep), nanochannel (blue, 4000 nmwide and
700 nm deep), and nanopillar (green, square pattern with
700 nm spacing) chips. These fitting curves were based on
eq 1. (b and c) Logarithmic EOF mobility plots of nanopillar
chips arranged in square and tilted array patterns, respec-
tively. These fitting curves were based on eq 2. The desig-
nations SG and TG denote the square array and tilted array,
respectively. The numbers that follow are the values of the
spacing, so 100 means “with 100 nm spacing”. (d) Depen-
dence of EOF mobility on the number of nanopillars in the
channel; this plot of the EOF mobility of 5� TBE was
extracted from panels (b) and (c). The inserted fitting curve
in (d) was based on an inverted square root of the number of
nanopillars, (number of nanopillars)�0.5. Error bars show the
standard deviation for a series of measurements (N = 5).
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diameter (D) had a 4 μm height and therefore a
high aspect ratio of about 8. We fabricated two
types of nanopillar arrays in the channel, square
and tilted array patterns. In the square array pat-
tern (Figure 1c), nanopillars were positioned par-
allel to the microchannel with homogeneous pillar
spacing (G) ranging from 100 to 1000 nm. In the
tilted array pattern (Figure 1d), the nanopillars
were precisely set with 45� inclination to the fluid
flow and G was also set from 100 to 1000 nm. The
SEM images of nanopillar chips with different pillar
spacing are shown in the Supporting Information.

After fabrication of the chips we measured EOF in
different chips. Figure 2a shows logarithmic plots of
the EOF mobility against the concentration of TBE
buffer (tris-borate-EDTA) in different chip types; com-
pared to the pillar-free chips, EOF in nanopillar chips
with 700 nm spacing was efficiently suppressed. For
instance EOF mobility (5� TBE) in the microchannel
(25μm� 4μm)without nanopillarswas∼1.0� 10�4 cm2

V�1 s�1, while inside the nanopillar region with 700 nm
spacing, the EOF decreased by 1 order of magnitude
(1.0 � 10�5 cm2 V�1 s�1).

Two possible effects could be involved in suppres-
sion of EOF in nanopillar chips. The first could be the
effect of the spatial size, which is expressed here as
nanopillar spacing G and nanopillar height (4 μm).
There have been several reports on scaling down the
spatial size, and it was shown that the viscosity of water
increases as spatial size approaches a nanoscale.25,26

The second could be the effect of a characteristic of the
nanopillar array, such as its higher surface-to-volume
ratio than pillar-free micro- and nanochannels. To
verify which of these two plays the more important
role in suppression of EOF in nanopillar chips, first we
fabricated a nanochannel 700 nmdeep and 4 μmwide;
these dimensions were comparable to those of a
nanopillar chip with 700 nm spacing and 4 μm height.
The results in Figure 2a (blue) show that EOFmobility in
the nanochannel was relatively lower than in the
microchannel but higher than in the nanopillar chip.
Using a simplified version of the Smoluchowski equa-
tion for EOF,3 we interpreted the lower EOF in the
nanochannel compared to the microchannel:

μEOF-channel ¼
4πσ
Kη

¼ RCi �0:5 (1)

where η is the viscosity of the solvent, κ�1 is the Debye
length, σ is the net charge of the channel walls, Ci is the
bulk concentration of the i-ions, and R is a constant
that differs in micro- and nanochannels. The fitting
curves in Figure 2a that are based on eq 1 are in a good
correlation with our experimental results in the micro-
and nanochannels. We extracted R from the lines in
Figure 2a and found that for the microchannel (25 μm
wide and 4 μm deep) chip, R was 2.15 � 10�4, and for
the nanochannel (4 μmwide and 700 nm deep) chip, it

was 1.74� 10�4. The difference in RwasRmicrochannel =
1.24Rnanochannel. Considering that in eq 1 4πσ is con-
stant, κ�1 is a function of Ci

�0.5, and the only variable is
R, which is inversely proportional to the viscosity of the
solvent, we concluded the first effect was plausible;
the factor x � η � R�1, which is related to the vis-
cosity of buffer in the nanochannel, was 1.24 times
higher than that in the microchannel (xnanochannel =
1.24xmicrochannel). For instance, the spin�lattice relaxa-
tion time for water in the 1H NMR spectrum, 1/T1,
reported by Tsukahara et al.26 was in good
agreement with our results (1/T1nanochannel = 1.25 �
1/T1microchannel). Another possibility for the effect was
Joule heating during the experiment. The viscosity of
water changes rather quickly as a function of tempera-
ture, and the temperature of water would be affected
by Joule heating during the experiment. In order to
evaluate the influence of the temperature changes by
Joule heating, we used a fluorescent dye (rhodamine B)
in 5� TBE buffer27�29 as a temperature indicator at 25
�C. The difference of normalized fluorescence intensity
between micro- and nanochannels was less than
0.01%, and therefore we concluded that the effect of
Joule heating on the viscosity of water in our channels
was negligible.

Howeverwe found that in nanopillar chips (Figure 2a)
the EOF mobility in low buffer concentrations from
1� to 4� TBE exhibited an aberration from the fitting
curve obtained using eq 1, which we showed had
worked well with micro- and nanochannels. Also,
despite the comparable spatial sizes, the EOF mobility
in the nanopillar chips with 700 nm spacing was lower
than that in the 700 nm nanochannel. To elucidate
these counterintuitive results, we needed to reconsider
the charge density in eq 1. In our experiments, the
overlap of EDLs could be negligible because EDLs
were estimated from eq S5 to be around 3 nm. The
charge density inside the nanopillar region is the sum
of the average charge density in a single nanopillar,
and therefore the EOF mobility in nanopillar chips can
be expressed as (see the Supporting Information)

μEOF-nanopillar ¼
Z

nj dnj
2σ
K0ηa

� β Ci � Ci
2

Ni

 !�0:5

(2)

where n represents lattice vectors of the array and the
location of the nanopillars in the lattice, a is the
distance representing the limits within which no other
ions can approach the channel wall, κ0 is defined in eq
S18, σ is the net charge of the nanopillar, Ni is the
number of sites available to i-ions, and β is a constant
that differs among nanopillar chips (different spacings
or arrays). This modified EOF equation (eq 2) could
predict the aberration of EOF in nanopillar chips from
the conventional equation at low buffer concentrations
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(less than 4� TBE buffer here). To further investigate the
proposed modified equation, we measured the EOF
mobility in nanopillar chips with five spacings using
several concentrations of TBE buffer (Figure 2b and c).
There were no noticeable differences between square
(2b) and tilted array (2c) patterns in the nanopillar chips.
With both nanopillar patterns, the EOF mobility de-
creased as the concentration of TBE buffer increased.
All the fitting curves based on eq 2 showed good
correspondence to the experimental results in nanopil-
lar chips.We extractedNi from the lines in Figure 2b and
c, and we found that for the nanopillar chips in square
and tilted array patterns Ni was 25, which means i-ions
could approach a nanopillar at intervals of 62.8 nm. We
also extracted β from the lines in Figure 2b and c and
summarized these values in Table 1. By calculating the
viscosity of buffer in nanopillar chips with cylindrical
pores of diameter R, the smallest R in the nanopillar
chips increased the viscosity of buffer only 2.8 times
compared to that in bulk,26 and therefore, thedifference
in β was affected by not only the viscosity of buffer but
also the combination of the lattice vectors and viscosity
of buffer. Another conclusion here was that the EOF
suppression innanopillar chips dependedon the charge
density inside the nanopillar region and, therefore, the
total number of nanopillars. To confirm the dependence
of the total number of nanopillars on the EOF suppres-
sion, the EOF mobility in 5� TBE buffer was plotted
against the total number of nanopillars in Figure 2d. The
results showed good agreement with our assumption,
and actually, the fitting curvewas inversely proportional
to the square root of the number of nanopillars.

In Figure 3 we used an indirect method to visualize
the EOF in the nanopillar chip. In the indirect method,
fluorescein was electrically driven from the cathode to
the anode against the EOF. As seen in Figure 3a, in the
pillar-free microchannel (25 μm wide and 4 μm deep)
the EOF profile was for plug flow, in agreement
with previous results.30 However the EOF profiles in
the nanopillar chips were inverse parabolic flow
(Figure 3b�e). Schematic representations of EOF

profiles in Figure 3f�j showed that as the nanopillar
spacing decreased or the number of nanopillars in-
creased, the EOF profile wasmore andmore deformed.

Separation of SDS�Protein Complexes. To verify the
intrinsic ability of EOF suppression in nanopillar chips,
we applied nanopillar chips to separate SDS�protein
complexes. Generally, adding SDS to electrophoresis
buffer in microchannels increases the EOF mobility,
so we first studied the effect of SDS on EOF in nano-
pillar chips. The results in Figure 4a showed that
the EOF mobility in quartz and PMMA (poly(methyl
methacrylate)) channel chips was almost the same
(∼1.0 � 10�4 cm2 V�1 s�1); however, the EOF mobility
in the tilted pattern nanopillar chipswith 100 nm spacing
was smaller than that in the PMMA microchannel chips
filled with 5% polyacrylamide (MW: 600000�1000000).
Adding 0.1 wt % SDS to the electrophoresis buffer
increased the EOF mobility in the PMMA microchannel
filled with 5% polyacrylamide by 1 order of magnitude.

TABLE 1. Constant β, Which Differs among Nanopillar

Chips (different spacings or arrays) in eq 2, Surface-to-

Volume (S/V) Ratios, and the Cylindrical Pores of

Diameter R Were Replaced by 4/R on the Basis of the

Surface-to-Volume Ratio

nanopillar spacing/nm

100 300 500 700 1000

β (�10�5) square 1.08 1.51 2.04 2.74 3.06
tilted 1.09 1.52 2.06 2.78 3.10

S/V square 0.0102 0.0042 0.0026 0.0019 0.0014
titled 0.0093 0.0035 0.0020 0.0013 0.0008

R/nm square 389 962 1566 2155 2956
tilted 428 1138 2031 3089 4944

Figure 3. EOFprofiles and sketches. (a�e) EOFprofiles. (f�j)
Sketches of EOF profiles. (a and f) Microchannel. (b�e and
g�j) Nanopillar array channels with spacing of (b and g)
1000, (c and h) 700, (d and i) 500, and (e and j) 300 nm. The
scale bars are 5 μm. The fluorescein flow was from the left,
and the EOF was from the right.
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Such a high EOF, which is a counterflow to the electro-
phoretic mobility of the SDS�protein complexes was
reported to hinder the separation of SDS�protein com-
plexes in uncoated PMMAchips.31 However, in nanopillar
chips, adding 0.1 wt % SDS did not change the EOF
mobility due to electrostatic repulsion between the
quartz surface and the SDSmolecules. Oncewe had seen
that SDS had no effect on EOF mobility in nanopillar
chips, we applied the nanopillar chips for separation of

SDS�protein complexes. The separation of two SDS�
protein complexes in the tilted array pattern nanopillar
chip with 100 nm spacing was achieved within 150 s
with an applied electric field of 70 V/cm (Figure 4b).
These results demonstrated the feasibility of nanopillar
chips for separation of biomolecules without any siev-
ing gel or polymers and without any surface coating.

CONCLUSION

In conclusion, the results reported in this paper are
the first for a quantitative investigation and formula-
tion of EOF mobility in microchannels with nanos-
tructures. We also demonstrated that the EOF
suppression by nanopillar array structures was attri-
butable to a function of the total number of nanopil-
lars, i.e., the charge density, inside the microchannel,
and therefore, our modified equation could predict
the EOF mobility. Finally we applied nanopillar chips
for troublesome separation of SDS�protein com-
plexes without any surface coating. To the best of
our knowledge, our report is the first quantitative
investigation of electrochemistry in amicrochannelwith
nanostructures. Our results should widen the application
fields for electrophoretic devices due to precise control of
theEOFandalso shouldgivenew insight into thebehavior
of ions in EDLs.

METHODS

Nanopillar Chip Fabrication. Nanopillar chips were made on a
quartz substrate using electron beam lithography (EBL), photo-
lithography, and reactive ion etching, as described elsewhere.7

Briefly, a 20 nm thick Pt/Cr layerwas sputtered on a 0.5mm thick
quartz substrate. A positive electron beam (EB) resist (ZEP-520A,
ZEON) was coated onto the substrate to a thickness of about 1
μm by a spinner. Then, nanopillar array patterns were deli-
neated by EBL (ELS-7500, Elionix), which made nanoholes of
500 nm diameter and 1 μmdepth. Ni was electroplated into the
nanoholes in the EB resist to get a strong mask resistant to
reactive ion etching. An array of Ni posts was formed after
removal of the EB resist, and then the quartz substrate was
covered with a positive photoresist (OFPR8600, Tokyo Ohka
Kogyo). Standard photolithography was used to pattern 25 μm
wide features. Neutral loop discharge plasma etching was
applied to the substrate, in which case the Ni posts and
photoresist were a mask for the CF4 etching. Inside the 25 μm
wide microchannel, nanopillars were formed of 500 nm dia-
meter and 4 μm height, arranged with various spacings from
100 to 1000 nm. Reservoirs were formed by punching with an
ultrasonic drill, followed by removal of the mask and the metal
layer. The quartz substrate was bonded to a 130 μm thick
quartz cover plate by dipping both of them briefly into H2SiF6
and then removing and bonding them at 5 MPa and 65 �C for
12 h (Figure S2).

EOF Measurement. Tris-borate-EDTA (TBE) buffer was used to
measure the EOF mobility. The number in front of the � shows
the dilution ratio from 10� TBE, which consisted of 890mM tris-
borate and 20 mM EDTA. In the PMMA microchannel, 10%
polyacrylamide (MW 600 000�1 000 000) solution in water (lot
#586810, Polyscience, Inc.) was added to 10� TBE buffer, so the
final concentration of polyacrylamide was 5% in 5� TBE buffer.

To examine the effect of sodium dodecyl sulfate addition, 10%
SDS (Fluka) was added to the buffer solution up to 0.1 wt % SDS.

The EOF mobility in nanopillar chips was measured using
the current monitoringmethod32 to avoid considering different
electrical resistances that would be derived from a number of
nanopillar arrays, complicating our problem. As shown in Figure
S3a and b, there were four reservoirs in the nanopillar chip. In
the measurement, the microchannel with nanopillars and three
reservoirs were filled with a buffer (e.g., 5� TBE), and the fourth
reservoir was filled with a 5-fold dilution buffer (e.g., 1� TBE).
A high-voltage power supply (HVS448, LabSmith) was used to
provide high voltage during the measurements through plati-
num electrodes, whichwere precisely positioned on an inverted
microscope (Eclipse TE-300, Nikon), and current variation was
recorded every 50 μs using a PC and the Sequence software
program (LabSmith). Figure S3c presents the measured current
(red line) as a function of timewhen one reservoir was filledwith
1� TBE buffer and other reservoirs were filled with 5� TBE
buffer, and there were a microchannel (L = 9.025 mm) and a
nanopillar region. The current fell as the 5� TBE buffer was
replaced continuously with the 1� TBE buffer inside the micro-
channel and nanopillar region. This current drop continued
until the entire microchannel and nanopillar region became
filled with the 1� TBE buffer. The measured current data were
approximated to the smoothed data (blue line). Smoothing was
carried out using the partial least-squares method in Kaleida-
graph (Synergy software). The smoothed result showed an
appropriate curve at the center of the data points. Comparing
the partial least-squares method with the standard least-
squares one, the former could include most of the outliers,
and therefore the smoothed data had good reliability. The time
interval Δt is the time required to complete the filling of the
1� TBE buffer inside the microchannel and nanopillar region

Figure 4. EOF mobility and separation results. (a) Semilo-
garithmic plot of EOF mobility in the nanopillar array
channel and PMMA microchannel chips (I: quartz micro-
channel; II and III: nanopillar chips arranged in the tilted
array pattern with 100 nm spacing; IV, V, and VI: PMMA
microchannel). I, II, and IV were acquired in 5� TBE buffer
(N = 5). III was acquired in 5� TBE buffer with addition of
0.1 wt % SDS (N = 5). V was acquired in 5� TBE buffer with
5%polyacrylamide (N = 5). VI was acquired in 5� TBE buffer
with 5% polyacrylamide and addition of 0.1 wt % SDS
(N=5). (b) Separationresultsoffibrinogenandtrypsin inhibitor.
An electric field of 70 V/cm was applied for the separation.

A
RTIC

LE



YASUI ET AL . VOL. 5 ’ NO. 10 ’ 7775–7780 ’ 2011

www.acsnano.org

7780

by the EOF (Figure S3d). The EOF flow velocity was calculated in
L/Δt with a known length of L.

To measure relative temperature changes, we used 10 μM
rhodamine B (Sigma-Aldrich, Inc.) in 5� TBE, which was intro-
duced into the microchannel and the nanochannel while
applying a high voltage for 80 s. To observe EOF profiles
indirectly, 30 μM fluorescein (Fluka) in 2� TBE buffer was
introduced into the microchannel with the nanopillars also by
applying a high voltage. An extra high pressure mercury lamp
(HB-10103 AF, Nikon)was used as an optical source to illuminate
fluorescein flow, and emitted fluorescence images were ob-
tained with an EB-CCD camera (C7190-43, Hamamatsu Photo-
nics K.K., Hamamatsu) through a 40�/0.75 NA objective lens
(Nikon). All images were recorded on a DV tape (DSR-11, Sony)
and captured by image capture software (Adobe Premiere 6.0,
Adobe).
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